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ReviewBiology and Physics of Cell Shape Changes
in DevelopmentEwa Paluch1,2 and Carl-Philipp Heisenberg1
Together with cell growth, division and death, changes in
cell shape are of central importance for tissue morphogen-
esis during development. Cell shape is the product of
a cell’s material and active properties balanced by external
forces. Control of cell shape, therefore, relies on both tight
regulation of intracellular mechanics and the cell’s phys-
ical interaction with its environment. In this review, we first
discuss the biological and physical mechanisms of cell
shape control. We next examine a number of develop-
mental processes in which cell shape change — either
individually or in a coordinated manner — drives embry-
onic morphogenesis and discuss how cell shape is
controlled in these processes. Finally, we emphasize that
cell shape control during tissue morphogenesis can only
be fully understood by using a combination of cellular,
molecular, developmental and biophysical approaches.
Introduction
How tissues and organs are shaped during embryogenesis is
a fascinating and long-standing question in developmental
biology [1]. As the cell is the functional unit of any living
tissue, all shape changes in the organism are driven by
events at the cellular level. In combination with cell division,
growth and death, changes in individual cell shape are
central to morphogenesis. Here we focus on how cell shape
is controlled and functions during the shaping of embryonic
tissues.
The shape of the cell is defined by the geometrical informa-
tion of the space occupied by the cell and is determined by
its external boundaries. It is the result of the mechanical
balance of the forces exerted on the cell membrane by intra-
cellular components and the outside environment [2,3]. As
such, it is essentially a physical property controlled by
a variety of biochemical pathways. Therefore, to study how
cells control their shape, we need to understand how they
regulate their own mechanical properties.
Intrinsic forces exerted on the membrane are mostly the
direct result of the reorganization of the cytoskeleton. Cyto-
skeletal networks can, for example, contract the cell during
cytokinesis [4], migration [5–7], and apical contraction [8].
Polymerization of actin networks can also drive membrane
extension and formation of protrusions such as lamellipodia
and filopodia [9,10]. Finally, intracellular pressure of osmotic
origin or generated by contraction of cytoskeletal networks
can lead to cell deformations [3,11,12]. Extrinsic forces ex-
erted on the cell are mainly due to its adhesion to environ-
mental components, such as neighboring cells or the
extra-cellular matrix (ECM). The resulting balance of intrinsic
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to ensure controlled cell shape changes. Such regulation
requires constant feedback between cellular mechanical
properties and gene expression/protein activation.
The biomechanics of cell shape have so far been mainly
investigated in individual cells in culture [3,13–16]. Shape
change of individual cells, independent of their neighbors,
contributes to different morphogenetic processes in devel-
opment, such as the migration of single primordial germ cells
towards the gonad [17,18]. However, in most morphogenetic
events, cell shape change is coordinated amongst hundreds
of neighboring cells and drives shrinkage, extension, folding
and movement of tissues.
Here, we first summarize the current knowledge about
how the mechanical properties of cells are regulated and
how they contribute to cell shape change. We particularly
discuss the importance of mechanosensing for the regulation
of cellular mechanics. We follow this by examining examples
of developmental processes in which cell shape change has
been studied. We particularly focus on how regulation of
a cell’s mechanical properties is achieved in vivo and on
how shape change at the single cell level is coordinated
among neighboring cells to achieve global tissue shaping.
Mechanical Properties of Cells Govern Cell Shape
Biochemical and genetic studies have long dominated the
field of morphogenesis and have yielded a wealth of informa-
tion as to how patterns and shape change are controlled
during development [19,20]. However, the shape of cells
and tissues is a mechanical issue, directly relating to the
balance of physical forces exerted on the cell surface
[1,2,21,22]. Therefore, to unveil the mechanisms of shape
control we need to understand how the cell regulates its
mechanical properties and the forces it generates.
Forces exerted on the cell surface can be subdivided into
three main categories: forces actively generated within the
cell, e.g. by polymerization or contraction of cytoskeletal
networks, or by opening of water or ion channels leading to
changes in osmotic pressure; forces exerted on the cell
from the outside, either directly by neighboring cells or indi-
rectly through the ECM; forces generated within the plasma
membrane itself by, e.g., lipid segregation or recruitment of
curvature-inducing proteins. Here, we will focus entirely on
the first two categories, as they are likely to constitute the
main factors in shape change on the scale of the entire cell.
A major limitation of mechanical studies of cell shape is the
difficulty in directly measuring forces exerted on the plasma
membrane. Cellular mechanics are thus usually described by
a set of physical properties that can be inferred from
measurements. These include cell adhesion to its environ-
ment, cortical tension and cell material properties such as
stiffness or viscosity (Figure 1). Although many methods
have been developed to measure these properties in isolated
cells (Box 1), most of them are not directly transferable to
cells inside tissues and embryos. Therefore, studies of
morphogenesis in many cases must still rely on data ob-
tained from measurements of dissociated cells in culture.
Notable exceptions from this are recent studies that used
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Figure 1. Regulation of cell shape.
(A) Cell shape is the result of the mechanical
forces exerted on the cell surface. These
forces can also be described by a set of inter-
related physical properties, which include
cellular adhesion, cortical tension and the
cell’s rheological properties. Physical proper-
ties are regulated at the protein level and are
likely to feedback on protein activity and/or
gene expression. (B) Example of the interac-
tion between cortical tension and cellular
adhesion during the formation of cell–cell
contacts. Red lines, cortical cytoskeleton;
black lines, plasma membrane; purple rods,
adhesion sites; arrows, direction of forces.
methods such as laser ablation to
measure tension at the boundaries
between cells or tissues in living
embryos [23-26]. Laser ablation can
also provide a means to estimate the
viscoelastic properties of the ablated
cell or interface [23,24], although most
rheology measurements in vivo have
so far been performed at the level of
the whole embryo or on isolated
tissues [27]. In contrast, there are
currently no reliable assays available
to measure cell–cell or cell–substrate
adhesion in vivo. The development of
accurate methods to measure the mechanical properties of
individual cells directly inside tissues or embryos is essential
to move our understanding of the mechanics of morphogen-
esis beyond a descriptive level.
Because the cell is a complex object, the interpretation of
any quantitative experiment relies on a physical model
describing how a mechanical property of interest can be
deduced from the actual measurement. It is, therefore, essen-
tial to test the premises of the model experimentally. For
example, in micropipette aspiration experiments (Box 1), the
formula used to relate the pressure inside the pipette to
cortical tension depends on whether the cell behaves like
a liquid drop surrounded by a contractile shell or like an elastic
solid [28–30]. Similarly, incompression or atomic force micros-
copy indentation experiments, one must make assumptions
about how the cell behaves under load to infer cortical tension
from force-deformation measurements. Here again, most
models describe the cell as a viscous drop surrounded by
a contractile cortical shell; however, this relies on a number
of assumptions that need to be verified independently
[31,32]. In situations, in which the cell is substantially deformed
during the measurement, such models can prove insufficient,
and the nucleus, which is considerably stiffer than the cyto-
plasm, has to be included in the description [33,34].
Moreover, because the cell is an active object, it can react
to mechanical perturbations. It has been shown, for
example, that mitotic Dictyostelium cells recruit myosin II
to the cortex upon micropipette aspiration and retract from
the pipette [14], making tension measurement by micropi-
pette aspiration impossible (Box 1). Similarly, fibroblasts
reinforce focal adhesions upon pulling [35], complicating
the interpretation of classical adhesion measurements (Box
1). Such active behaviors limit the use of traditional physical
techniques for the measurement of cellular mechanical prop-
erties, and emphasize the need for developing less-invasive
methods.
It is important to note that cortical tension, cellular adhe-
sion and cellular viscoelastic properties are not independent
but are mechanically coupled to each other (Figure 1). The
global viscoelastic properties of a cell depend on its cortical
tension as well as on the viscoelasticity of the cytoplasm
[29,31]. Furthermore, cortical tension directly influences
cell–cell adhesion. For two adhering cells, a uniformly high
tension will tend to favor a spherical cell shape and thus
reduce the contact area between the cells, which again, for
a given concentration of adhesion molecules, will diminish
the adhesion force between the cells [22,36]. Similarly, in
epithelia with actin-myosin bundles at adherens junctions,
the length of cell boundaries is reduced by a high degree
of cell–cell adhesion and increased by high bundle contrac-
tility [23] (Figure 1B). In addition to being mechanically
coupled, the different mechanical properties are often regu-
lated by overlapping biochemical pathways. For example,
proteins regulating actin turnover are likely to influence
cortical tension as well as the cell’s viscoelastic properties
[37]. Also, E-cadherin expression has been shown to
strengthen membrane–cortex attachment, which again can
affect cortical tension [38]. The various mechanical proper-
ties of a cell are thus connected both genetically and me-
chanically. It is, therefore, extremely difficult to study them
independently of each other and to separate their respective
influence on cell shape.
Given the multitude of factors that can influence a given
mechanical property of a cell, its precise control represents
an enormous challenge to each cell. Strikingly, in spite of
the complex regulation and caveats linked to experimental
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defined for a specific cell type while varying considerably
between different cell types, at least when measured on iso-
lated cells. Cortical tension and cell–cell adhesion, for
example, are significantly different between the germ layer
progenitor cell types in zebrafish, and these differences
can account for segregation of cells into tissues [32]. How
these properties are controlled is still an open question,
but it is likely that cells use a set of feedback mechanisms
to set and maintain specific mechanical properties.
At a more global level, cells may also sense and directly
control their own shape. Several examples of mechanosens-
ing feedback on the organization of adhesion sites and the
cytoskeleton have been reported in culture cells. Mitotic Dic-
tyostelium cells, for example, actively respond to deforma-
tion by locally recruiting myosin II to counteract the shape
change, suggesting a sensing and active control of cellular
shape [14]. Global mechanosensing pathways could allow
cells to compensate for the change in one mechanical param-
eter by adjusting another. Increasing tension in cultured
fibroblasts, for example, can increase the strength of focal
adhesions [35,39]. Similarly in endothelial cells, cellular stiff-
ness increases with increasing adhesion to the substrate
[40]. It is likely that such cross-regulation is also employed
by cells in tissues and embryos, although this has not
yet been directly shown. In epithelia, for example, where
adhesion and cortical tension have opposing effects on the
interfacial tension at cell–cell boundaries [22,36], a positive
feedback loop between adhesion strength and cortical
tension could help stabilize the length of the boundaries (Fig-
ure 1B). Further work will be necessary to elucidate which
mechanical properties are controlled by mechanosensing
pathways during development. Estimating the level of vari-
ability of cellular mechanical properties measured inside
tissues and embryos may help in answering this question,
as the presenceof a feedback loop is likely to reducevariation.
Various models have been developed to describe how the
interaction between cellular mechanical properties governs
the shape of the cell and the arrangement of cells into aggre-
gates or tissues [22,41]. Seminal studies by Steinberg [42,43]
proposed that similar to liquid droplets, cell sorting in tissues
and aggregates is driven by interfacial tension. Although
interfacial tension between cells was initially thought to be
predominantly determined by cell–cell adhesiveness [44], a
number of recent experiments indicate that cortical tension
may also play an important role in cell sorting and organiza-
tion into tissues [23,32]. Moreover, although cell stiffness
and viscosity have only been little studied in vivo, the control
of these material properties is also likely to be essential
during morphogenetic movements, as cellular viscoelasticity
determines how cells deform in response to internal and
external forces [23,37]. It will be important in the future to
determine how cell–cell adhesion, cortical tension and
cellular material properties are fine-tuned to drive specific
tissue deformation [21].
Cell Shape Changes in Development
To describe developmental processes in which cell shape
changes are critically involved, one faces two major ques-
tions: Which morphogenetic processes in the embryo are
directly driven by changes in cell shape? Have particular
embryological processes been sufficiently analyzed to
propose a mechanistic model explaining the contribution
of cell shape change?In order to answer the first question, one needs to distin-
guish between a number of different basic cell biological
processes that have been associated with cell shape
change. These processes include cell polarization, cell
protrusion formation/migration, cell division, apoptosis and
junctional remodeling. Junctional remodeling has been
predominantly described in cellular rearrangements under-
lying epithelial morphogenesis, such as cell intercalation
during germ band extension in Drosophila gastrulation
[45,46]. However, while the molecular and cellular mecha-
nisms underlying changes in the junctional interfaces to
neighboring cells have been intensively studied in this
process, the contribution of cell shape change as such has
not yet been systematically addressed. Similarly, while cell
divisions are usually accompanied by considerable changes
in cell shape, the specific contribution of these cell shape
changes to tissue and/or embryo morphogenesis is still
largely unclear [47–49]. In contrast, the two remaining
processes, cell protrusion formation and cell polarization,
have been closely associated with distinct cell shape
changes and implicated in various morphogenetic pro-
cesses such as cell migration, cell intercalation and tissue
invagination. In the following, we will therefore exclusively
focus on the role of individual cell shape changes resulting
from alterations of cell polarization and protrusion formation
during tissue and embryo morphogenesis.
Which developmental process involving cell polarization
and/or protrusion formation has been sufficiently analyzed
to propose a mechanistic model for the role of individual
cell shape changes? As outlined above, in order to fully
understand how cell shape change drives tissue morpho-
genesis, one needs to investigate how specific cellular and
physical properties, such as cell adhesion and contractility,
are determined biochemically, how those properties influ-
ence cell shape, and how coordinated cell shape changes
control tissue or embryo morphogenesis. Hardly any infor-
mation on the physical properties of individual cells in
tissues and/or embryos is available and therefore the contri-
bution of these properties to cell shape determination in vivo
is still poorly understood. Similarly, quantitative analysis of
individual cell shape in three dimensions over time in
embryos has only just begun and thus insight into the contri-
bution of cell shape change to tissue morphogenesis is still
sparse. For the time being, we are therefore left primarily with
informationabout molecular function inglobalmorphogenesis.
There are a few morphogenetic processes in development,
however, where molecular information on morphogenesis
has recently been paired with novel insights into individual
cell properties and/or shape.
Below, we will provide an overview of the contribution of
cell shape changes to cell migration and tissue morphogen-
esis in development and of the mechanical processes by
which these cell shape changes are achieved and coordi-
nated amongst multiple cells. We will start by summarizing
current knowledge on cell mechanics in the fields of single
cell migration and collective migration, and then describe
recent findings made in three specific developmental
processes — dorsal closure and ventral furrow formation in
Drosophila and convergent extension movements during
Xenopus gastrulation.
Single Cell Migration in Development
In the development of multicellular organisms, different cell
types, such as primordial germ cells and leukocytes,
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Methods for measuring the mechanical properties of single cells.
Cell–cell adhesion
Various assays have been developed to measure the force of
adhesion between two cells (reviewed in [106]). Many of them utilize
micropipettes to hold the cells; the pipettes are then pulled apart
until the cells are separated. The force of adhesion, i.e. the force
necessary to part the cells, can be measured, e.g. using a red blood
cell as a force probe [107], or directly from the pressure in the
micropipettes (dual micropipette aspiration) [108,109]. More
recently, cell–cell adhesion has also been measured using an atomic
force microscope. In this setup, one cell is attached to the cantilever
while the second cell is attached to a rigid substrate and the
separation force is directly deduced from the deflection of the
cantilever [32,110].
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Cell–substrate adhesion
The adhesion of a cell to a substrate has been first assessed in
washing assays where a cell is detached from the substrate by
a convective flow (flow assay) [106,111]. However, as shear forces
exerted by the fluid in a flow chamber depend on factors such as cell
geometry, flow chambers do not provide a very precise force
measurement [106]. The adhesion of a cell to a substrate can also be
measured using an atomic force microscope [112] or optical
tweezers [113].
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Cortical tension
Most cortical tension measurement methods rely on the assumption
that the cell behaves like a liquid droplet surrounded by a contractile
cortex. The contractility of the cortex effectively results in a surface
tension, which can be deduced from the cell’s deformation in
response to a controlled force. Typical methods include
micropipette aspiration [29,114] and a variety of setups allowing
a controlled indentation of the cell (e.g. atomic force microscopy)
[31,32]. In some cases, cortical tension can be deducted from
micropipette aspiration experiments also when the cell does not
behave like a liquid droplet, but a different model must then be used
[29].
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Cell stiffness and viscosity
A variety of methods have been developed to measure the global
viscoelastic properties of single cells in culture (reviewed in [37]).
Most of these methods consist in stretching or compressing the cell
with a controlled force and monitoring the dynamics of the resulting
deformation. Typical experimental setups include atomic force
microscopy [115], precisely controlled microplates [116],
micropipettes [31] or an ‘optical stretcher’ where the cell is stretched
between two unfocused laser beams [117]. The dynamics of cell
aspiration into a micropipette can also provide an estimation of the
cell’s viscoelastic properties [29,114].
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Unfocused laser beamsundergo single cell migration. Commonly, single cell migra-
tion involves the formation of cellular protrusions at the
leading edge and contraction of the trailing edge, resulting
in a cell shape that is polarized in the direction of migration
[50]. The types of cellular protrusions formed at the leadingedge vary considerably between different cell types under-
going single cell migration [51]. For example, primordial
germ cells in zebrafish migrate by forming bleb-like protru-
sions at their leading edge [17] (Figure 2A), while leukocytes
in mice form thick actin-rich pseudopodia-like protrusions [6].
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Figure 2. Two examples of developmental
processes involving single cell migration and
collective migration, respectively.
(A) Migration of primordial germ cells during
zebrafish gastrulation. Dorsal view of a zebra-
fish embryo at bud stage (10 hours post-fertil-
ization) with germ cells migrating from both
sides towards the embryonic axis (left panel,
anterior to the top). High magnification view
of individual primordial germ cells migrating
individually (right panels). (B) Migration of
the lateral line primordium during zebrafish
embryogenesis. Lateral line primordium in
an embryo at 42 hours post-fertilization (low
and high magnification views in upper and
lower panel, respectively; anterior is to the
left; arrows point at forming neuromasts).
Pictures are adapted from [102–104].What determines cell shape change in single cell migra-
tion? Generally, for a cell to migrate it needs to extend protru-
sions in the direction of migration, adhere to its substrate,
and pull/ squeeze itself forward. Adhesion is thought to func-
tion in this process by providing sufficient traction required
for efficient translocation [52–54]. In two-dimensional cell
culture assays, it has been suggested that there is a precise
amount of cell–substrate adhesion needed for optimal cell
migration [55]. However, what level of cell–substrate adhe-
sion is required for three-dimensional migration in a devel-
oping organism is still unclear. Primordial germ cell motility,
for example, has been suggested to rely on at least some
level of cell–cell adhesion mediated by cadherins (E. Raz,
personal communication). In contrast, leukocytes are able
to migrate in the absence of any Integrin-mediated cell–
substrate adhesion, and it has been hypothesized that
a minimal level of unspecific adhesion might already be suffi-
cient for their migration [6].
Similar to adhesion, different roles of tension for cell shape
change in single cell migration have been suggested. At the
leading edge, tension exerted by protrusions adhering to
a substrate will pull the cells forward, while at the trailing
end cortical tension will push or squeeze to cytoplasm in
the direction of migration [52]. Consistent with such roles,
myosin-dependent contraction at the trailing edge in leuko-
cytes has been suggested to facilitate migration by
squeezing the cytoplasm and nucleus forward when the cell
migrates through a constricted environment [6]. Moreover,
myosin-mediated contraction at the trailing edge has been
associated with nucleokinesis during tangential migration of
cortical neurons in mice [56]. Finally, myosin-dependent
cortical contraction at the leading edge of zebrafish primor-
dial germ cells has been proposed to function in migration
by triggering bleb formation through the regulation of local
intracellular pressure and/or breakage of the actin cortex [17].
Although the molecular mechanisms underlying single cell
migration in two-dimensional cultures have been intensively
studied over the past decades [57], it is not known if the
same mechanisms are at play during single cell migration
in vivo. A gradient of extracellular chemokines is thought to
guide both leukocytes and vertebrate primordial germ cells.
In zebrafish, the chemokine SDF-1 has been proposed to
locally increase intracellular Ca2+ at the leading edge of
primordial germ cells, which in turn activates myosin, cortical
contraction, and bleb formation [17]. In flies, germ cell migra-
tion is directed by a lipid-modified peptide, the identity of
which is still debated [18]. It has further been shown thatactivation of the G-protein coupled receptor Tre1 in
Drosophila germ cells triggers cell motility and invasion by
down-regulating E-cadherin and redistributing the junctional
proteins from the cell periphery to the lagging tail of germ
cells [58], pointing to a critical role of spatial regulation of
cell adhesion in initiating cell motility.
Collective Cell Migration
Collective cell migration constitutes one major variant of cell
translocation in development. There are multiple instances in
development where cells migrate collectively, including the
migration of germ layer progenitors in vertebrates, lateral
line primordial cells in zebrafish (Figure 2B), and border cells
in Drosophila [21,59]. Common to all these processes is that
cells migrate while remaining in contact with each other.
Prominent cell shape changes during collective migration
are observed at the leading edges of a migrating cell cluster
where cells form various types of cellular protrusions and
become polarized in the direction of migration. In contrast,
cells behind the leading edge are surrounded by other cells,
to which they are connected through cell–cell adhesions,
and often form fewer or no protrusions.
How is cell shape regulated during collective cell migra-
tion? Generally, for cells to migrate collectively, they need
to adhere to each other, form protrusions at the leading
edges of the cluster and suppress protrusions at cell–cell
contact sites. In the absence of proper cell–cell adhesion,
cells are unable to form a coherent cluster and thus cannot
migrate collectively. When E-cadherin expression is reduced
in Drosophila border cells, for example, they fail to organize
into an epithelial cluster, to orient their cellular protrusions
and to migrate towards the oocyte [60–62]. Similarly, inter-
fering with cadherin activity in mesoderm progenitors in Xen-
opus and zebrafish causes defects in germ layer progenitor
cell polarization, migration, intercalation and separation
[63–68]. In addition to cell–cell adhesion, cell–substrate
adhesion is also involved in collective migration. Studies in
Xenopus, for example, have shown that integrin–fibronectin
binding is required for mesoderm polarization and migration,
although it is not yet entirely clear how much of this function
is mediated by integrins regulating cadherin-mediated cell–
cell adhesion [69–71].
The role of tension and contractility in collective migration
has only started to be analyzed in development. In
Drosophila, border cell tension has been suggested to
control the nuclear localization of the transcription factor
serum response factor (SRF), whose activity is required for
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Figure 3. Examples of how sequential modifi-
cation of cellular mechanical properties
drives tissue deformations.
(A) A recent study has shown that ventral
furrow formation in Drosophila embryos is
driven by pulsed apical contractions of meso-
derm progenitors [8]. Each cell undergoes a
series of cortical contractions, dependent on
the transcription factor Snail, separated by
pauses during which the cell shape is me-
chanically stabilized. This stabilization re-
quires the activity of the transcription factor
Twist. Because the cell does not relax during
the pauses, the pulses lead to global tissue
contraction. Figure adapted from [105].
(B) Dorsal closure in Drosophila. The closure
of the dorsal hole (gray shape) is driven by
contractions of a supracellular actin cable
and apical constrictions of amnioserosa cells.
A recent study has shown that the amnioser-
osa cells undergo pulsed contractions and
that their contractions are stabilized and
dampened by the stiffness of the supracellu-
lar actin cable within the epidermis [94].
(C) Medio-lateral cell intercalations in Xeno-
pus gastrulation. Medio-lateral intercalations
of mesoderm progenitors are driven by pulsed
contractions of a cortical actin network along
the mediolateral extent of these cells [97].
proper migration [72]. Interestingly, SRF
was found to function in border cells by
building a robust actin cytoskeleton,
which is likely to generate higher
tension in these cells, thereby providing
a positive feedback loop regulating
its own activity. A role for tissue tension
has also been suggested in migration
of mesoderm progenitors during
Xenopus gastrulation, where the cells
exert traction stress on the extracellular
matrix, thereby influencing matrix
organization required for proper mesoderm migration and
polarization [70].
The molecular regulation of collective cell migration in
development has been intensively studied over the last
years. In the zebrafish lateral line primordium, an extracel-
lular chemokine gradient directs the migration of leading
edge cells, which in turn control through Wnt/b-catenin
and FGF signaling the epithelial character of the cells
following behind [73–75]. Likewise, a gradient of extracellular
PDGF and/or VEGF signaling has been hypothesized to
control the collective migration of border cells in Drosophila
[76,77], and of mesoderm progenitors in zebrafish, Xenopus
and chicken gastrulation [78–80]. Wnt signaling, and in
particular the Wnt-Frizzled/planar cell polarity (Wnt-Fz/
PCP) pathway, has also been shown to be involved in collec-
tive migration [81]. In both vertebrate gastrulation [82] and
Drosophila border cell migration [83], Wnt-Fz/PCP signaling
is essential for cell polarization, directed migration, and inter-
calation. While it is still largely unclear how Wnt-Fz/PCP
functions in collective migration, regulation of actomyosin
contraction and cell adhesion has been suggested [84–87].
Another signaling pathway with a conserved function in
collective cell migration is the JAK–STAT pathway. In both
Drosophila border cell and vertebrate mesoderm progenitor
cell migration [88–90], JAK–STAT signaling is critical for cells
to organize into a coherent cluster and migrate collectively.
How JAK–STAT functions in this process is not yet entirely
clear, but is has been suggested that STAT3 cell-non-autono-
mously controls Wnt-Fz/PCP signaling in zebrafish mesoderm
progenitors [91].
Ventral Furrow Formation
Ventral furrow formation during Drosophila gastrulation is
initiated by the coordinated apical constriction of mesoderm
progenitor cells located at the ventral-most side of the
embryo in a narrow band of cells extending along the ante-
rior-posterior embryonic axis [92]. This process is triggered
by the transcription factors twist and snail. Two transcrip-
tional targets of twist, the secreted protein Folded Gastru-
lation and the transmembrane protein T48, are thought to
facilitate apical constriction of ventral furrow cells by trans-
locating RhoGEF2 and, as a consequence, myosin to the
apical membrane.
Recent studies [8] have shown that apical constriction of
mesoderm progenitors is achieved by pulsed contractions
of an actomyosin cortical network at the apical side.
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among neighboring cells. Between the successive contrac-
tions, which are controlled by the transcription factor Snail,
the surface of each cell is stabilized so that it does not
expand due to pulling by contracting neighbors. The stabili-
zation, under the control of Twist, provides a ‘ratchet’ mech-
anism causing a net decrease of apical surface over time.
The mechanical basis of cell surface stabilization between
pulses is still unclear, but it is conceivable that, upon
contraction, the cell changes its elastic modulus, e.g.,
through crosslinking of the apical actin network, or that the
contracted state is stabilized by new cell–cell adhesions.
Cell surface decrease is therefore achieved by sequential
modifications of the cell’s mechanical properties (Figure 3A).
Dorsal Closure
Dorsal closure is a well-studied morphogenetic process
during which an opening in the dorsal epidermis of the
Drosophila embryo is closed. The dorsal hole is filled with
amnioserosa cells and surrounded by epidermal tissue.
Closure results from the coordinated activity of epidermal
cells moving in from the sides and amnioserosa cells con-
stricting apically [93]. This process is controlled by a number
of different signaling pathways and involves the establish-
ment of a supracellular contractile actomyosin cable at the
leading edge of the flanking epidermal cells and the forma-
tion of cellular protrusions in these cells.
Recent studies have shown that, similar to mesoderm
progenitors during ventral furrow formation, the apical
constriction of amnioserosa cells is not continuous, but
pulsed [94]. As during ventral furrow formation, the pulsed
contractions are not synchronous between neighbors and
a ratchet mechanism has been proposed to account for the
resulting global tissue contraction. The contraction of am-
nioserosa cells starts before the initiation of dorsal closure;
however, prior to dorsal closure, the cells relax after each
contraction pulse because of pulling forces exerted by
neighboring cells. As a consequence, the leading edge of
the epidermis undergoes small oscillations rather than
closing the hole (Figure 3B). The beginning of dorsal closure
coincides with a stiffening of this leading edge, apparently
resulting from an increase in tension and/or stiffness of the
supracellular actin cable surrounding the leading edge. The
cable has been proposed to function in this process by
acting as a ratchet, preventing complete relaxation of the
pulsing cells and thus triggering global tissue contraction.
Successive rows of amnioserosa cells are then sequentially
stabilized in a contracted state, driving further contraction
of the tissue. The surface stabilization mechanism is not
known but is likely to involve an increase in cellular stiffness.
Here again, global tissue remodeling is achieved by sequen-
tial modifications of the mechanical properties of the amnio-
serosa cells and of the surrounding epidermis (Figure 3B).
Convergent Extension
Convergent extension is a common process in vertebrate
gastrulation and entails the narrowing of the forming embry-
onic axis along its mediolateral extent and concomitant elon-
gation along its anterior-posterior axis [95]. In amphibians,
convergent extension movements have been correlated
with cells undergoing mediolateral cell intercalations. In prin-
ciple, mediolateral cell intercalations could be the cause or
the consequence of convergent extension movements,
although the majority of experimental evidence supportsthe former assumption. Two different modes of mediolateral
cell intercalations have been described so far — the bipolar
mediolateral oriented mode, and the monopolar boundary-
capturing mode. Cells undergoing bipolar mediolateral cell
intercalations are thought to form protrusions oriented along
the mediolateral axis and adhere with these protrusions to
neighboring cells. This results in traction on their surfaces,
which leads to cell elongation and eventually intercalation
oriented along the mediolateral axis (Figure 3C).
Although mediolateral cell intercalations likely constitute
the main force-generating process underlying convergent
extension, direct evidence in vivo has been scarce. In recent
studies, myosin II has been shown to be required for the
formation of a cortical actin network in mesoderm cells
undergoing mediolateral cell intercalations [96,97]. Interest-
ingly, this cortical actin network consists of foci connected
by actin cables, is polarized along the mediolateral axis,
and undergoes pulsed contractions oriented parallel to this
axis (Figure 3C). When myosin II activity is impaired, the
cortical actin network is disrupted, cells fail to exhibit normal
protrusive activity, and convergent extension movements
are reduced. This suggests that oriented actomyosin-medi-
ated contractions of the cortical actin network drive medio-
lateral cell intercalation during Xenopus gastrulation.
However, interfering with myosin activity also affects cell
properties other than contractility, such as cell adhesion,
and therefore a mono-causal relationship between myosin-
mediated cell contraction and mediolateral cell intercalation
that triggers convergent extension movements cannot yet be
concluded from these studies.
Outlook
We have only begun to understand the role of cell shape
change in tissue morphogenesis during development.
Biomechanical studies indicate that the shape of cells can
be understood as the result of basic mechanical parameters
such as cortical tension, cellular viscoelastic properties and
cell adhesion. While several signaling pathways and effector
molecules that control these mechanical properties have
been identified, it also is becoming increasingly clear that
numerous feedback loops exist from cellular mechanics
back to protein expression and activity. It will be important
to understand which mechanical properties are actively
controlled by these feedback loops and how these control
mechanisms function molecularly. Direct micromanipulation
experiments, where the mechanical state of a cell is physi-
cally modified, will help identify proteins that are upregulated
and/or activated in response to such treatments and which
might therefore constitute integral parts of mechanosensing
pathways.
Another open question is how individual cell shape change
leads to global tissue morphogenesis. This question can be
addressed through theoretical modeling in either a bottom-
up approach, i.e. determining how individual cell shape
change control tissue morphogenesis [94], or a top-down
approach, i.e. analyzing how tissue morphogenesis corre-
lates with different types of cell shape changes. Recent
examples for top-down approaches include studies that
have provided novel insight into the mechanisms of tissue
deformation by automatically analyzing cell shape changes
during embryogenesis [98–100].
The powerful approach of theoretical modeling paired with
precise quantitative measurements will likely prove essential
to understanding the contribution and regulation of specific
Special Issue
R797cellular parameters that produce cell shape change during
tissue morphogenesis [94,101]. The main challenge in the
future will be to develop tools to accurately measure and
precisely modulate cellular mechanical properties in vivo,
a precondition for producing meaningful and predictive
theoretical models of tissue deformations in development.
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